
Polymorphonuclear leukocytes (PMNs, also called
neutrophils) are the first cell type in human beings that
are activated in host immune defense against infection.
These cells migrate, driven by chemotactic gradients, to
inflammatory loci, where they recognize and phagocytize
bacteria and other extrinsic microorganisms. Foreign
pathogens are exposed to an arsenal of hydrolytic
enzymes and bactericidal proteins prestored in granules
as well as to newly generated reactive oxygen species
(ROS) [1-3].

PMNs are equipped with four types of granules con-
taining different proteins and enzymes [4, 5]. The granule
content is gradually released either into the formed
phagosomes or into the extracellular space upon activa-
tion of cells. Increase in intracellular calcium triggers the
degranulation. For the release of the content of secretory
vesicles and tertiary granules, only a moderate increase in
Ca2+ to 0.25 µM is quite sufficient. These types of gran-
ules contain primarily albumin, gelatinase, collagenase,
and other proteins. These proteins and enzymes are help-
ful to smooth the way for PMNs through the closely
packed tissue material to the inflammatory loci.

For the release of the content from secondary and
azurophilic granules, a much higher increase in intracel-
lular calcium to 0.7 µM is required. These enzymes and
proteins are directed most of all against foreign

pathogens. There are special enzymes that cleave compo-
nents of the bacterial wall.

Azurophilic granules of PMNs contain in huge
amount of a unique protein, the heme-containing
enzyme myeloperoxidase. Together with the membranous
NADPH oxidase, myeloperoxidase is involved in the for-
mation of reactive oxygen species and oxidation of bio-
logical material. In stimulated PMNs, NADPH oxidase
reduces molecular oxygen to superoxide anion radical [6,
7]. This species and its dismutation product hydrogen
peroxide are substrates for myeloperoxidase.

This review gives an overview on the important prop-
erties of myeloperoxidase and summarizes the contribu-
tion of this enzyme to host defense and tissue damage.
Special attention will be focused on chemiluminescence
methods to investigate the release of myeloperoxidase
from phagocytes.

PROPERTIES OF MYELOPEROXIDASE

Enzyme structure. Myeloperoxidase (MPO; donor,
hydrogen peroxide oxidoreductase, EC 1.11.1.7) is unique
to neutrophils and monocytes. However, monocytes con-
tain only one third of the MPO found in PMNs.
Eosinophilic granulocytes contain a related enzyme,
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eosinophil peroxidase [8]. Both peroxidases belong to the
mammalian peroxidase superfamily and share an overall
homology of 69.8% at the amino-acid sequence level [9].

MPO is a strongly cationic glycosylated protein and has
a molecular weight of 144 kD. It consists of each two identi-
cal dimers linked by a disulfide bridge [10]. Each dimer is
made up of a light and a heavy subunit, where the latter con-
tains a protoporphyrin IX group with a central iron ion. Both
heme groups of MPO are functionally identical [11].

The three-dimensional X-ray crystal structure of
human MPO has been recently obtained with a resolution
of 1.8 A° [12]. The hemes are joined with the apoprotein
by two ester linkages and one sulfonium ion linkage [12].
This threefold linkage of heme is unique compared to
other heme proteins. It makes the porphyrin ring slightly
curved and is discussed as the reason for the red shift of
the Soret band to 428 nm in MPO. Different binding sites
for halides have been identified.

Formation of strong oxidants by MPO.
Myeloperoxidase is able to form a wide variety of oxi-
dants. Furthermore, activated states of the enzyme (most
of all compound I, but also compound II) are also able to
oxidize different substrates. In the native enzyme, the
heme iron of MPO is in the ferric state.

Native MPO binds either superoxide anion radicals
or hydrogen peroxide. In the first case compound III of
the enzyme is formed, which is apparently involved in the
hydroxylation of aromatic substrates [13].

Hydrogen peroxide is reduced to water by native
MPO upon the formation of compound I of the enzyme.
Alternatively, different organic hydroperoxides [14] as
well as hypochlorous acid in chloride-free medium [15,
16] are also able to oxidize the native MPO to compound
I. The heme iron is in the ferryl state (Fe4+) in compound
I and a further oxidizing equivalent is present in the form
of a porphyryl radical. Thus, compound I can be regard-
ed as a ferryl π-cation radical species where an oxygen
atom is coupled by a double bond to the iron [17].

Compound I of MPO is reduced to the native
enzyme either by abstracting two electrons from (pseu-
do)halides or by two one-electron steps via the formation
of compound II. An overview about the halogenation and
peroxidase cycle of MPO is schematically given in Fig. 1.
In the first case, (pseudo)halides are oxidized to (pseu-
do)hypohalous acids. The myeloperoxidase-catalyzed
formation of hypochlorous acid and hypothiocyanate is
especially important under physiological conditions [18].

Many different substrates are known to be oxidized
by compound I (and also at lower rates by compound II)
by abstracting only one electron on formation of radical
products. These substrates include tyrosine, tryptophan,
sulfhydryls, phenol and indole derivatives, nitrite, hydro-
gen peroxide, xenobiotics, and others [19-21]. Numerous
radical products, (pseudo)hypohalous acids and further
products are involved in damage of biological macromol-
ecules and tissue degradation.

Other reactions of ferric myeloperoxidase are the reduc-
tion to the ferrous state, the reaction with nitric monoxide or
superoxide anion radicals. These pathways are denoted in
Fig. 1. Details can be found elsewhere [13, 22, 23].

Formation of further reactive oxygen species by MPO.
The formation of hypochlorous acid by myeloperoxidase
is well described [24, 25]. Some reactions of hypochlorous
acid lead to further reactive oxygen species with high
potential for tissue damage. Hypochlorous acid reacts
with hydrogen peroxide on the formation of singlet oxygen
[26]. Hydroxyl radicals are not only formed as the result of
the Fenton reaction. They are also derived from
hypochlorous acid either by their reaction with superoxide

Fig. 1. Halogenation and peroxidase cycles of myeloperoxi-
dase. Both cycles utilize hydrogen peroxide to oxidize the
native enzyme to compound I. Por denotes porphyrin. AH2

and •AH represent substrates being oxidized and the formed
radical product, respectively. Instead of Cl– other
(pseudo)halides such as Br–, I–, and SCN– will also be oxidized
by compound I. Other pathways of myeloperoxidase are only
denoted.

Oxidation,
chlorination

Native enzyme Compound I

Oxidation

Compound II

Fig. 2. Formation of reactive oxygen and nitrogen species
derived from the myeloperoxidase product hypochlorous acid.
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anion radicals [27, 28] or Fe(II) [29, 30]. Hypochlorous
acid also reacts with nitrite to yield the powerful chlori-
nating and nitrating compound NO2Cl [31]. An overview
of these reactions of hypochlorous acid is given in Fig. 2.

Redox properties. Many reactions catalyzed by
myeloperoxidase are redox reactions. The standard reduc-
tion potential of the redox couple compound I/native
MPO has recently been determined by titration with
hydrogen peroxide using stopped flow techniques to be
1.16 V at pH 7.0 [32]. The couple compound II/native
MPO has a lower value for the standard reduction poten-
tial of 0.97 V at pH 7.0 [33]. Consequently, the standard
reduction potential of the couple compound I/compound
II of myeloperoxidase was calculated to be 1.35 V [33].
The latter value is one of the highest reduction potentials
found in cellular systems. These data reflect also big dif-
ferences in thermodynamic properties between com-
pounds I and II of MPO. Thus, myeloperoxidase is able to
oxidize various biological molecules with significant rates.

FUNCTIONS OF MYELOPEROXIDASE

Reactions of hypochlorous acid. Oxidative equiva-
lents formed by MPO are involved in numerous process-
es of tissue damage. Hypochlorous acid is known to oxi-
dize at a significant rate sulfhydryl and thioether groups of
proteins [34, 35]. It chlorinates amino groups to chlo-
ramines [36, 37]. Because of its strongly cationic proper-
ties, MPO is known to be easily attached to negatively
charged biological membranes [38]. Thus, reactions with
unsaturated bonds of different phospholipids are also
quite possible. The formation of chlorohydrins as well as
lysophospholipids in unsaturated phosphatidylcholines
by hypochlorous acid and by the MPO–H2O2–Cl– sys-
tem has been recently described [39-41]. MPO products
are also involved in initiation of lipid peroxidation.
Peroxidation by hypochlorous acid is favored by the pres-
ence of hydroperoxides previously accumulated in lipid
material [42, 43]. The one-electron oxidation of different
substrates by complex I of MPO causes radical products
such as tyrosyl radical, which is also known to initiate
lipid peroxidation processes [44, 45].

Attachment of myeloperoxidase to membranes. Plasma
levels of free MPO are often elevated in patients during
inflammatory conditions [46, 47]. This strongly cationic
protein binds to the negatively charged endothelial plasma
membrane, whereby this binding depends on the presence
of heparin/heparan-containing glycosaminoglycans [48,
49]. Moreover, cell-bound myeloperoxidase rapidly tran-
scytoses the intact endothelium and localizes at the baso-
lateral site of the endothelium closely associated with
interstitial matrix proteins such as fibronectin [49].

Protein nitration by myeloperoxidase. Nitration of free
and protein-bound tyrosine correlates well with myeloper-
oxidase activity under inflammatory conditions [50, 51].

Compound I of MPO is able to oxidize nitrite to the nitrat-
ing species nitrogen dioxide (NO2) at a significant rate
[21]. In inflammatory models, the immunoreactivity of
MPO strongly co-localizes with the formation of nitroty-
rosine in subendothelial and epithelial tissue regions [52].

Modulation of the vessel tonus. Myeloperoxidase
impairs NO-dependent blood vessel relaxation and
guanylate cyclase activation in an inflammatory model by
regulating the availability of nitric oxide [53]. This effect
is favored by endothelial localization of secreted MPO
[52] and the high rate of NO oxidation by radical prod-
ucts of MPO catalysis [22, 23, 53].

Termination of PMN responses. Myeloperoxidase
also modulates a variety of aspects of the inflammatory
response. It is assumed that the MPO–H2O2–halide sys-
tem inactivates some of the secreted granule contents,
decreases the binding of formylated peptides to chemo-
tactic receptors, and influences other functions in stimu-
lated PMNs [54]. Thus, myeloperoxidase contributes to
physiological feedback of recruitment of PMNs. It con-
tributes to the termination of the influx of PMNs in
inflammatory loci. MPO-deficient PMNs usually exhibit
a stronger and more prolonged respiratory burst [55, 56].

Myeloperoxidase and pathologies. Myeloperoxidase
is assumed to be involved in the pathology of different
diseases such as atherosclerosis, cancer, multiple sclero-
sis, and Alzheimer’s disease [57-60]. MPO has been
found in arteriosclerotic plaques [61, 62].

ASSESSMENT OF THE RELEASE 
OF MYELOPEROXIDASE 

FROM STIMULATED PHAGOCYTES

Marker enzymes for the degranulation of azurophilic
granules. Azurophilic granules contain in addition to
myeloperoxidase a variety of aggressive enzymes including
elastase, cathepsins, β-glucuronidase, β-galactosidase,
lysozyme, and others. Elastase is often used as a marker
enzyme to follow the degranulation of azurophilic gran-
ules. Elastase can be easily detected in the supernatant of
cells by the release of p-nitroaniline from MeO-Suc-Ala-
Ala-Pro-Val-p-nitroanilide that is cleaved by elastase [63].

Another marker enzymes for the degranulation of
azurophilic granules is β-glucuronidase, which is deter-
mined using 4-nitrophenyl-β-D-glucopyranoside uronic
acid as a specific substrate.

Chemiluminescence approaches for the detection of
myeloperoxidase. Chemiluminescence approaches have
been widely used to detect the activation of PMNs. The
main advantages of these methods are the use of a rela-
tively low number of cells and the possibility of getting
time resolved responses. Any events are immediately
detected using luminescent methods. Although a low-
level spontaneous light emission was originally observed
in stimulated PMNs [64], the light emission in cell sus-
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pensions is mainly detected in the presence of special
chemical systems that emit intense light upon oxidation.
Primarily, 5-amino-2,3-dihydro-1,4-phthalazinedione
(luminol) has been used as “light amplifier” in suspen-
sions of stimulated neutrophils.

Luminol is oxidized by a variety of one- and two-elec-
tron oxidants including Fe(II) complexes, phenoxyl radi-
cals, hypochlorous acid, and others [65-67]. Hydrogen
peroxide reacts with oxidized luminol to form an endoper-
oxide that is finally converted to 3-aminophthalate formed
in the excited state [67, 68]. The latter compound emits
blue light with a wavelength maximum at 425 nm. Because
of many factors influencing the light emission in the lumi-
nol system, it is hardly to answer which reactive oxygen
species or oxidizing systems are responsible for the light
emission of luminol in stimulated neutrophils. Moreover,
luminol penetrates easily into cells. Thus, the use of imper-
meable inhibitors influences only partially the lumines-
cence response in stimulated PMNs.

Because the extracellular luminescence of stimulat-
ed PMNs can be completely inhibited by scavengers of
hypochlorous acid, it is believed that hypochlorous acid
produced by the myeloperoxidase system contributes to
the luminol luminescence in PMN suspensions. Such
results have been obtained using the chemotactic tripep-
tide fMet-Leu-Phe as cell stimulator [69, 70]. In this
case, a first maximum of light emission occurs during the
first three-four minutes after stimulation that is produced
mainly extracellularly. Moreover, the co-stimulation of
PMNs by fMet-Leu-Phe and cytochalasin B amplifies
drastically the luminescence signal. An enhancement of
degranulation of azurophilic granules is known to occur
under the influence of cytochalasin B.

Other authors favor the formation of peroxynitrite by
PMNs as the main events that cause the luminol oxida-
tion [71]. PMNs are known to produce peroxynitrite
under certain circumstances [72].

Pholasin chemiluminescence and MPO release.
Pholasin, the photoprotein of the common piddock
Pholas dactylus, emits intense luminescence upon oxida-
tion [73]. This emission is so strong that it is even possi-
ble to detect the oxidative burst in a single phagocytosing
cell [74]. Pholasin is a glycosylated 34 kD protein con-
sisting of 226 amino acid residues without any chro-
mophoric group [75]. The light-emitting group of pho-
lasin is still unknown.

A selected example for the pholasin luminescence of
fMet-Leu-Phe stimulated PMNs is given in Fig. 3. The
light emission in the pholasin system is about two orders
of magnitude enhanced in comparison to luminol at the
same cell concentration. Because of its size, pholasin
does not penetrate into the cells. Thus, only extracellular
events can be detected by pholasin.

Careful investigation on pholasin luminescence in
artificial systems revealed that superoxide anion radicals
as well as activated states of heme peroxidases such as

horseradish peroxidase or myeloperoxidase are able to
oxidize pholasin during light emission [76]. On the other
hand, hydrogen peroxide is unable to interact with pho-
lasin at micromolar concentrations [77]. The reagent
hypochlorous acid was also found to oxidize pholasin [76,
77]. However, hypochlorous acid produced by the
MPO–H2O2–Cl– system contributed only to a small
extent to pholasin luminescence as shown by inhibition
experiments with taurine or methionine. Apparently
compound I and perhaps also compound II of MPO are
involved in Pholasin oxidation, but not hypochlorous
acid formed by the MPO–H2O2–Cl– system [76].

The pholasin luminescence of PMNs stimulated by
different soluble stimuli was efficiently quenched by
superoxide dismutase and by the myeloperoxidase
inhibitor potassium cyanide, while the HOCl scavenger
taurine was without any effect [76, 78]. Thus, primarily
superoxide anion radicals as well as myeloperoxidase
contributes to pholasin oxidation in suspensions of stim-
ulated neutrophils. On this basis, it was possible to obtain
a time-resolved profile for the generation of superoxide
anion radicals as well as for the MPO activity. In cells
stimulated by fMet-Leu-Phe alone, there was only a
small contribution of MPO to pholasin luminescence.
Here, superoxide anion radicals generated extracellularly
by the NADPH oxidase were the dominating species. In
contrast, a considerably higher contribution of myeloper-
oxidase to pholasin luminescence was observed in PMNs
stimulated with a mixture of fMet-Leu-Phe and cytocha-

Fig. 3. Luminol- (1) and pholasin-dependent (2) luminescence
of polymorphonuclear leukocytes stimulated with the chemo-
tactic tripeptide fMet-Leu-Phe. A 25,000-cell suspension in
Hanks’ balanced salt solution was incubated with either lumi-
nol (5·10–5 M final concentration) or pholasin (7·10–8 M final
concentration) for 5 min at 37°C and then stimulated with
fMet-Leu-Phe (10–6 M). The total volume was 250 µl. The
chemiluminescence was measured with a MicroLumat LB 96
P luminometer (EG&G Berthold, Germany).
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lasin B. Similarly, the use of the phorbol myristate acetate
(PMA), which activates directly protein kinase C,
revealed also that both superoxide anion radicals and
myeloperoxidase are involved in light emission of pho-
lasin. During the first three minutes, the contribution of
superoxide anion radical dominates, whereas the contri-
bution of myeloperoxidase increases gradually at later
times using PMA as the cell stimulator.

Thus, pholasin can be used to measure the formation
of superoxide anion radicals as well as the release of
myeloperoxidase in suspensions of stimulated phagocy-
tosing cells containing a low number of cells.

Antibody techniques. Antibodies against myeloperox-
idase can also be used to detect the enzyme release from
stimulated PMNs [5]. The advantage of this approach is
the high specificity. However, a sufficiently large number
of cells (one million cells or more) have to be used.
Furthermore, time-resolved measurements are hardly
possible. Concomitant results concerning the release of
myeloperoxidase from stimulated PMNs have been
obtained using the pholasin luminescence and the detec-
tion of myeloperoxidase by specific antibodies [78].

Determination of MPO activity in cell supernatants.
There are numerous methods to detect active MPO in
solution. These methods are based on the determination
either of its chlorinating [79] or oxidizing activity [80].
Although theses methods work usually well in enzyme
solutions, many pitfalls have been observed in cell sus-
pensions. There was a permanent loss of enzyme activity
after degranulation of azurophilic granules. A progressive
inactivation of myeloperoxidase and other enzymes
released from azurophilic granules [81-84] or attachment
to biological membranes [38, 49] has been discussed as
potential reasons for these findings.

Thus, myeloperoxidase is a unique, multifunctional
enzyme involved in both host defense and tissue damage
at inflammatory sites. It produces not only oxidative
equivalents, but contributes also to the regulation in gen-
eral response to invading microorganisms.
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myeloperoxidase topics with my colleagues and friends in
Moscow, Vienna, Leipzig, and other places.
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